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ABSTRACT 
Plant-associated microbes influence plant functions, including development and growth 
and abiotic stress tolerance. Rhizosphere microbial communities have been shown to vary 
according to differences in wetland vegetation. Owing to the complexity of factors influencing 
soil microbial community structure, a greater knowledge of the relationship between rhizosphere 
microbial communities and different types of plant species will lead to a deeper understanding of 
plant-microbe interactions in wetlands. Thus, the purpose of my research was to determine the 
influence of plant species on rhizosphere microbial communities from different freshwater 
wetlands. The spatial variability, associated with different wetland sites, of rhizosphere microbial 
communities was also assessed by determining vegetation and environmental effects on bacterial 
community structure. 
Next generation sequencing of bacterial 16S rRNA genes was used to seasonally assess 
rhizosphere bacterial community structure associated with different plant species at different 
sites. Each plant species (Andropogon virginicus, Carex lurida, and Juncus effusus) had a distinct 
bacterial community structure in rhizosphere soils. Rhizosphere bacterial communities are 
affected by different plants and sites. Although the community diversity is not different for 
seasonal change, I found some impacts of season on the most dominant bacterial phyla. Bacterial 
communities are correlated with site-specific environments and plant type associated with root 
length, while soil chemistry has no impact on change in rhizosphere bacterial community 
diversity. In the most dominant eight phyla and ten OTUs, Verrucomicrobia phylum (OTU07, 
OTU09, and OTU10) is associated with A. virginicus, while Planctomycete (OTU06) and 
iii 
 
Chloroflexi (OTU08) phyla are associated with C. lurida. However, the top 10 OTUs are not 
associated with J. effusus. Rhizosphere bacterial communities of A. virginicus were significantly 
different from those of C. lurida and J. effusus across all sampling sites, while those of C. lurida 
showed high similarity to those of J. effusus. This finding is likely caused by the upland niche of 
A. virginicus, as opposed to the wetland niche of C. lurida and J. effusus. Therefore, plant species 
from two different niches had impacts on diversity and composition of rhizosphere bacterial 
communities.
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INTRODUCTION 
Wetlands are ecotones, or transitional ecosystems, between terrestrial and aquatic 
ecosystems (Holland et al. 1990, Mitsch and Gosselink 2007, Huang et al. 2012) and play a 
valuable role in water purification, flood prevention, and sediment entrapment (Mitsch and 
Gosselink 2007, Moreno-Mateos et al. 2009). Due to their unique capacity to enhance nutrient 
processing, especially by microbes and plants, wetlands can be utilized to trap large amounts of 
nutrients from both point and non-point sources, making them integral to management and 
mitigation strategies (Rekolainen 1990, Cronk and Fennessy 2001, Moreno-Mateos et al. 2009, 
Menon and Holland 2013). While wetland hydrology and vegetation influence wetland function, 
the soil microbial communities are particularly critical to the nutrient processing capability of 
wetlands (Sims et al. 2012). An increased input of nutrients increases the productivity of the 
ecosystem, and the increased supply of organic matter can then promote changes in microbial 
processes. Different microbial species and communities provide different genetic resources and 
functions (Liu et al. 2007). 
In recent years, research has led to a greater understanding of the community dynamics, 
structure and function of soil microbial communities. It has been demonstrated that the structure 
and function of microbial communities are sensitive to changes in environmental factors such as 
pH, moisture condition, and organic matter (Jaatinen et al. 2007, Jackson et al. 2009, Brockett et 
al. 2012, Zhao et al. 2009, Menon et al. 2013). Plant species and seasonal changes also influence 
microbial communities in soil; each plant species is thought to support specific microbial 
communities through the secretion of root exudates produced by each species (Berg and Smalla 
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2009). Recent data suggest that environmental characteristics (i.e. season and soil type and 
depth) are the most important in determining microbial community structure (Houlden et al. 
2008, Jackson et al. 2009, Menon et al. 2013), while other studies state that plant species are the 
most important in determining microbial community structure (Marschner et al. 2001, Costa et al. 
2006, Rosenzweig et al. 2013). Hence, the interactions between plant species, soil conditions, 
and seasonal variation should be examined to determine if plants or the environment are more 
critical in determining microbial community structure.  
The term “rhizosphere” was first used by Hiltner in 1904 to describe the portion of soil 
where microbial processes are under the influence of the root system (Berg and Smalla 2009). 
Rhizosphere soil conditions are directly associated with plant nutrition, health, and quality. Plant 
roots interact with soil through the rhizosphere, which has higher levels of microbial biomass 
and activity than bulk soil (Ferrero et al. 2010). Plants not only provide nutrients for 
microorganisms, but secrete exudates that contain antimicrobial metabolites (Berg and Smalla 
2009). The composition of root exudates varies from plant to plant and affects the relative 
abundance of microorganisms in the vicinity of the root (Somers et al. 2004).  
The composition of the rhizosphere microbial community is primarily influenced by plant 
species, suggesting that each plant species is colonized by specific microbial communities 
(Wieland et al. 2001, Berg and Smalla 2009). Rosenzweig et al. (2013) also found that there were 
significant differences between plant species (Andropogen gerardii Vitman and Lespedeza 
captitata Michx.) in rhizosphere microbial community structure. Thus, plant species are a major 
driver of microbial rhizosphere community structure. In addition, plant species select for 
specialized microbial communities in rhizosphere soil that change in response to seasonal shifts 
(Houlden et al. 2008). 
3 
Plant roots in anoxic conditions tend to grow deeper in moist soils due to internal aeration 
capabilities to transport oxygen to submerged tissues in wetland species (Brix et al. 1992, Sorrell 
et al. 2000). Hence, the difference in aeration capacity allows deeper root growth in wetland 
plants that favor more deeply penetration into anoxic soils (Sorrell et al. 2000). The composition 
of the secretions differs along the root length, resulting in unique bacterial communities along the 
root length corresponding with plant developmental stage (Marschner et al. 2001, Ofek et al. 
2001, Kuske et al. 2002). Brant et al. (2006) also found that soil microbial community 
composition was strongly influenced by plant species due to different secretions from plant roots.  
Thus, more research is needed on the identity of root-associated microorganisms of different 
plant species. Nevertheless, very few studies have examined the influence of plant species on 
rhizosphere bacterial communities at different sites within the same drainage basin. 
Comparisons between plant species have demonstrated that there are distinct differences 
between rhizosphere bacterial communities (Smalla et al. 2001, Houlden et al. 2008). The plant 
interaction with the soil environments is also crucial to forming the microbial community in the 
rhizosphere. Bacterial communities also vary seasonally, and plant specific differences in soil 
microbial community structure may increase over successive growing seasons (Smalla et al. 
2001). Columbus and Macfie (2015) found that the rhizosphere microbial community did not 
vary with soil condition, time, and plant type independently. Therefore, studies of interactions 
between plant species, sampling sites (at different elevations), and seasons could be one way to 
determine the structure and function of rhizosphere microbial communities effectively. 
In wetlands, soils are dominated by numerous bacterial phyla including: Proteobacteria, 
Acidobacteria, and Verrucomicrobia. The Proteobaceria phylum was dominant in vegetated soil 
of natural and constructed wetlands in Spain (Ansola et al. 2014), and Acidobacteria and 
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Verrucomicrobia were nearly ubiquitous in vegetated and unvegetated soils of wetlands at the 
University of Mississippi Field Station (UMFS) in U.S (Menon et al. 2013) and China (Zhang 
and Xu, 2008, Chen et al. 2016). Soil microbial community structure and function are also 
influenced by changes in soil chemistry (pH, moisture condition, and organic matter).  
Different types of wetland plants also influence bacterial community composition in soil. 
Menon et al. (2013) examined the influence of two wetland plants on soil bacterial communities 
through a freshwater mesocosm experiment at the UMFS. However, different types of bulk soil, 
instead of rhizosphere soil, were obtained from both species (Carex lurida and Juncus effusus) in 
their mesocosm research. Menon et al. (2013) also observed that Acidobacteria (32%), 
Proteobateria (22%), and Firmicutes (16%) were the most common phyla obtained from Carex 
lurida sediment, while Juncus effusus sediment was dominated by Proteobacteria (39%), 
followed by Firmicutes (19%), and Acidobacteria (17%).  
However, the Menon et al. (2013) study was limited by very minimal and poor 
sequencing since the next generation sequencing method was not available at that time, resulting 
in insufficient findings for sequencing and lower genetic diversity compared with the next 
generation sequencing technique. Next generation sequencing generates a large number of high 
quality sequence reads that can be distributed across high throughput of samples through a dual 
index sequencing approach (Kozich et al 2013). This sequencing method also allows deep 
coverage of individual samples and lowers sequencing error rate, leading to a reduction in the 
number of unique sequences (Kozich et al 2013). 
Jackson et al. (2014) examined spatial variability in particle-associated bacterioplankton 
communities in different tributaries of the Mississippi River. These authors found dominant 
bacterial phyla (Proteobacteria, Bacteroidetes, and Planctomycetes) across all major rivers: the 
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Upper Mississippi, Missouri, Illinois, Ohio, Tennessee, and Arkansas Rivers. Jackson et al. 
(2014) reported that Proteobacteria, generated from particle-associated samples, were found as 
the most dominant bacterial phylum in the Upper Mississippi (12%) and Missouri (9%) Rivers. 
However, Bacteroidetes were found as the most dominant bacterial phylum in particle-associated 
samples in the Arkansas (10%), Illinois (11%), Ohio (18%), and Tennessee (12%) Rivers. 
Therefore, the Proteobacteria appeared to be a proportionally more abundant particle-associated 
phylum in the Upper Mississippi River than in the other five tributaries, while the Ohio River, 
which merges with the Lower Mississippi, had more dominant Bacteroidetes than other 
tributaries. 
Host plants are dominant factors that determine the characteristics of rhizosphere 
bacterial communities due to root exudates. Therefore, I hypothesize that bacterial communities 
will be more influenced by host plant species than by abiotic factors and will differ across plant 
species. Another hypothesis is that bacterial communities will vary across different wetland sites 
and will be seasonally distinct.
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METHODS 
Plant Species 
The rhizosphere communities of three plant species were examined: Juncus effusus L. 
(Family: Juncaceae), Carex lurida Wahlenb. (Family: Cyperaceae), and Andropogon virginicus L. 
broomsedge bluestem (Family: Poaceae).  These species were chosen according to the wetland 
rating categories in the National Wetland Plant List (NWPL), reported by Lichvar et al. (2014) 
(Table 1). All three plant species belong to different classifications according to wetland 
occurrence. 
 
Table 1. Wetland indicator status ratings and their rating categories, as described in the 
National List of Plant Species that Occur in Wetlands (Lichvar et al. 2014). 
Indicator status (abbreviation) Occurrence in wetlands (%) 
Obligate (OBL). Occur almost always under natural 
conditions in wetlands. 
99 
Facultative Wetland (FACW). Usually occur in wetlands 
but occasionally found in non-wetlands. 
67–99 
Facultative (FAC). Equally likely to occur in wetlands and 
non-wetlands. 
34–66 
Facultative Upland (FACU). Usually occur in non-wetlands 
but occasionally found in wetlands. 
1–33 
Upland (UPL). Occur in wetlands in another region, but 
occur almost always under natural conditions in non-
wetlands in the region specified. 
1 
7 
Sampling sites 
Sampling occurred at six sites in wetlands of North Mississippi. Four sites are located at 
the University of Mississippi Field Station (UMFS) in Abbeville, MS, with a fifth site near 
Puskus Lake in Holly Spring National Forest, MS, and a sixth site in natural wetlands on the East 
side of Sardis Lake, MS (Figure 1). All sites are always hydrologically connected. 
 
 
Figure 1. A map showing sampling sites in north Mississippi, including four sites at UMFS and 
one site each at Puskus Lake and at Sardis Lake. 
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At UMFS, rhizosphere samples of three species (J. effusus, C. lurida, and A. virginicus) 
were collected at different points along hydrologic flow paths, starting in the western sites and 
progressing to the eastern sites of the UMFS, ranging from 165 m to 122 m above sea level. 
Sampling sites include ponds in the northwestern (pond 220), southern (pond 5), and eastern 
(pond 92) regions of the UMFS, as well as at Bramlett Pond located in the west of the UMFS 
(Figure 2). Each sampling site is supplied water from springs or seeps, according to different 
elevations (Pond 220 = 135 m; Bramlett Pond = 150.3 m; Pond 5 = 124 m; Pond 92 = 120.4 m). 
The water converges at the east of the UMFS, then drains into Puskus Lake (PL, elevation: 112 
m) and Sardis Lake (SL, 88.4 m) (Table 2). GPS signals were used to determine heights from sea 
level as elevations at six sites. All six sampling sites are part of the headwaters of the Little 
Tallahatchie-Yazoo River where water flows from UMFS into Sardis Lake via Puskus Lake and 
eventually drains into the Lower Mississippi River (Figures 1 and 2). 
Geographic and physical characteristics of each sampling site are portrayed in Figures 3 
and 4. In UMFS pond 220 (34°25'937"N, 89°24'105"W), the stands of J. effusus and C. lurida 
are located closely together (approximately 1 m between both stands) at the eastern edge of the 
pond.  However, the distance between the stands (J. effusus and C. lurida) and an A. virginicus 
stand is 4 m upland. Also, the stands of J. effusus and C. lurida grow in water ranging from 3 to 5 
cm of water depth, while the stand of A. virginicus grows in the upland, approximately 150 cm 
from the water surface of the pond. Therefore, belowground portions of J. effusus and C. lurida 
were always submerged (Table 2). A metric ruler and meter tape were used to determine water 
depth and to measure distances between the stands of plant species. 
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Figure 2. Four sampling sites (red circles) at UMFS. White arrows indicate hydrologic flow 
paths of ground and surface water according to different elevations. 
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Figure 3. Photographs (taken on December 4, 2015) of the six sampling sites. Pond 220, 
Bramlett Pond, Pond 5, and Pond 92 indicate sampling sites at UMFS. 
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Figure 4. Physical characteristics of six sampling sites. Pond 220, Bramlett Pond, Pond 5, and 
Pond 92 indicate sampling sites at UMFS. 
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Table 2. Water levels (including presence/absence) for the stands of three plants at six study sites 
during four seasons. 
Sampling dates 
and Temperatures 
Sampling sites 
Water height (cm) 
C. lurida J. effusus A. virginicus 
Summer 
(Aug. 20, 2014) 
 
32.8 ºC 
 Bramlett Pond 
 Pond 220 
 Pond 5 
 Pond 92 
 Puskus Lake 
 Sardis Lake 
0 
3 
0 
8 
0 
0 
0 
3 
0 
8 
0 
0 
0 
0 
0 
0 
0 
0 
Fall 
(Nov. 24, 2014) 
 
12.8 ºC 
 Bramlett Pond 
 Pond 220 
 Pond 5 
 Pond 92 
 Puskus Lake 
 Sardis Lake 
0 
3 
0 
10 
0 
0 
0 
3 
0 
10 
0 
0 
0 
0 
0 
0 
0 
0 
Winter 
(Feb. 27, 2015) 
 
3 ºC 
 Bramlett Pond 
 Pond 220 
 Pond 5 
 Pond 92 
 Puskus Lake 
 Sardis Lake 
0 
3 
0 
10 
0 
0 
0 
3 
0 
10 
0 
0 
0 
0 
0 
0 
0 
0 
Spring 
(May 15, 2015) 
 
22 ºC 
 Bramlett Pond 
 Pond 220 
 Pond 5 
 Pond 92 
 Puskus Lake 
 Sardis Lake 
0 
5 
0 
10 
0 
15 
0 
5 
0 
10 
0 
15 
0 
0 
0 
0 
0 
0 
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In Bramlett Pond, samples were taken from stands of all three species at the northern 
edge of the pond (34°25'468"N, 89°23'919"W). The stands of J. effusus and C. lurida are located 
closely together (less than 1 m between both stands), while a distance between the stands (J. 
effusus and C. lurida) and an A. virginicus stand is 2.5 m toward the upland. The stands of C. 
lurida, J. effusus, and A. virginicus are located 10 cm, 30 cm, and 80 cm respectively from the 
water surface of the pond. Thus, all three stands were not covered with pond water when 
sampled (Figure 4B, Table 2). 
In UMFS pond 5 (34°25'069"N, 89°23'547"W), the elevation is slightly lower than those 
of pond 220 and Bramlett Pond. Also, the stands of J. effusus and C. lurida are located closely 
together (approximately 1.5 m between both stands).  However, a distance between the stands 
(J. effusus and C. lurida) and an A. virginicus stand is 2.5 m toward the upland. The stands of C. 
lurida and J. effusus are located approximately 20 cm from the pond water surface while the 
stand of A. virginicus grows out of water in the upland, approximately 80 cm from the water 
surface. Thus, all three stands in this site were not covered with pond water when sampled 
(Figure 4C, Table 2). 
In UMFS pond 92 (34°25'600"N, 89°23'035"W), the elevation is the lowest in all four 
sites at UMFS. The stands of J. effusus and C. lurida are located closely together (less than 1m 
between both stands), although a distance between the stands (J. effusus and C. lurida) and an A. 
virginicus stand is 2 m upslope. The stands of J. effusus and C. lurida grow in water with 
approximately 10 cm of water depth, while the stand of A. virginicus grows upslope, 
approximately 120 cm from the water surface. Thus, both stands of J. effusus and C. lurida in 
this site were always covered with pond water when sampled (Figure 4D, Table 2). 
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At Puskus Lake (PL), samples were collected at the east edge of the Lake (34°26'469"N, 
89°20'832"W), and the elevation is lower than that at UMFS. The stands of J. effusus and C. 
lurida are located approximately 4 m apart, yet an A. virginicus stand is 6 m upslope. The stands 
of C. lurida, and J. effusus are located approximately 30 cm from the water surface of the Lake, 
while the stand of A. virginicus grows upslope, around 250 cm from the water. Thus, all three 
stands in this site were not covered with pond water when sampled (Figure 4E, Table 2). 
At Sardis Lake (SL), samples were collected at the northeast of the Lake (34°32'424"N, 
89°29'529"W), and the elevation is the lowest of all sampling sites. The stands of J. effusus and 
C. lurida are located approximately 2 m apart and the distance between these stands and an A. 
virginicus stand was 25 m upslope. The stands of C. lurida, and J. effusus are located 10 cm from 
the water surface of the Lake, while the stand of A. virginicus grows upslope 550 cm from the 
water (Figure 4F). Thus, all three stands in this site were not covered with water, except spring 
samples where both J. effusus and C. lurida were submerged with 15 cm of water (Figure 4F, 
Table 2). 
The water level at each of six sites was the same on four isolated sample dates, except the 
spring samples at Sardis Lake. The stands of C. lurida, and J. effusus were submerged in Pond 
220 and Pond 92 and at Sardis Lake in May 2015, and the stands of A. virginicus were always 
growing out of water at all six sites (Figure 4, Table 2). 
 
 Sampling methods 
Rhizosphere soil samples were collected in August 2014, November 2014, February 2015, 
and May 2015 (Table 2). The rhizosphere soil of three plant species from each site was sampled 
seasonally (216 samples total with three species and three replicates at six sites for four seasons) 
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and root length of all species was measured in the field. Moreover, the soil samples from the sites 
were analyzed for various environmental parameters: pH, organic matter, and soil moisture. 
On each sampling event, individual plants were dug out from the soil using a shovel and 
clippers to remove aboveground vegetation. The shovel and clippers were washed with water 
after digging out each species. Samples were taken from belowground for rhizosphere soil 
samples, and intact roots of each plant species were randomly selected for measurements of root 
length of the plant species. The root length of each plant species was measured with 10 replicates 
(n=30 per each site and n=180 per each season) from different roots of individual plant species 
using a metric ruler. Other belowground samples were each placed in a plastic "zip-loc" bag and 
immediately placed on ice for transportation to the laboratory in Shoemaker Hall. The samples 
were frozen at -20°C until processed for DNA extraction and Illumina sequencing of each sample 
and abiotic parameters. Rhizosphere samples were, when analyzed, defined as soil that surrounds 
and is directly attached to plant roots after root-zone soil is removed. Rhizosphere soil was 
collected and replicated from three individuals of each plant species to analyze soil chemistry 
and DNA extraction using alcohol-sterilized spatulas while wearing latex gloves. 
 
Soil characteristics 
A subsample (10-15 g) of each sediment sample was weighed, dried (70°C, 48h), and 
reweighed to determine gravimetric sediment moisture, and dry material was ashed (500°C, 4h) 
and reweighed to determine soil organic matter content. A second subsample of soil (2 g) was 
placed in 20 ml RO water and pH measured using a Fisher Scientific Accumet Basic AB15 pH 
meter to determine soil pH. 
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DNA Extraction and Illumina Sequencing 
DNA was extracted from 0.25 g of each rhizosphere soil sample using a PowerSoil DNA 
extraction kit (MoBio, Carlsbad, CA), used according to the manufacturer's protocol. The 
bacterial 16S rRNA gene was amplified from extracted DNA for Illumina MiSeq sequencing 
which was performed following the methods of Kozich et al. (2013). 16S rRNA gene libraries 
were constructed using the appropriate Illumina adapter, primer sequences, and linkers, and the 
genes were sequenced using the Illumina-MiSeq platform according to the instructions reported 
by Kozich et al. (2013) in December 2015. The generation of fully overlapping paired end reads 
was used on these platforms to minimize the error rate (Kozich et al. 2013). A dual barcoding 
strategy was used to decrease sample misidentification rates (Caporaso et al. 2012, Kozich et al. 
2013). The concentration of amplicons was normalized using SequalPrep Plates (Life 
Technologies, Grand Island, NY) and pooled into a single library. The library was then 
sequenced at the University of Mississippi Medical Center (UMMC) using an Illumina MiSeq 
system. 
 
Data analysis 
Raw sequence data (FASTQ files) obtained from UMMC were analyzed using the 
bioinformatics software mothur, following the procedures reported by Schloss et al. (2011) and 
Kozich et al. (2013). The mothur software package was used to process and analyze the sequence 
data (Kozich et al. 2013). Through the recommended procedures (Schloss et al. 2011, Kozich et 
al. 2013), contigs were formed to fasta files of all the sequences, including bad sequences and 
sequencing groups of samples after the raw sequencing (fastq) files of samples were obtained 
from UMMC. In order to recover the good sequences, more than one max-ambiguous base of 
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sequences was screened with set of maxambig=1 and sequence length was also trimmed to 250 
bases. Unique sequences were obtained from the total number of sequences to remove the same 
sequences for the number of uniquely different sequences. The sequences were then aligned to 
the SILVA rRNA database (Pruesse et al. 2007). The SILVA database has broadly been used for 
16S rRNA molecule since it has much more detail in reference bacterial sequences, containing 
the very good alignment with 50,000 characters long and about 135,000 bacterial sequences. 
After the sequences aligned, other sequencing errors (i.e. mis-amplification and non-informative 
bases) were eliminated and filtered from the dataset. Potential chimeras (sequences that 
originated from more than one initial sequence or cell) were also screened using uchime (Edgar 
et al. 2011) and removed from the dataset.  
The remaining sequences were then classified using the Greengenes (DeSantis et al. 
2006) database. The Greengenes database is better in sequencing classification than other 
databases since the Greengenes contains a major microbial database and are very accurate in 
terms of taxonomic identification, compared to other databases. However, the Greengenes 
database for alignment is not aligned correctly for the 16S rRNA, resulting in the SILVA 
database was used as an alignment reference. After the sequences were classified, other potential 
contaminants (mitochondria, chloroplasts, archaea, eukaryotes, or of unknown origin) were also 
removed from the dataset prior to further analyses. The remaining sequences were then grouped 
into operational taxonomic units (OTUs) using a 97% sequence similarity criterion. 
The Bray-Curtis similarity index was calculated between samples based on the 
abundances of OTUs. This index takes into account both the number of shared species and their 
relative abundances to calculate the percent similarity between pairs of community samples. 
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Before computing similarities, relative gene abundance data were square-root transformed, since 
very abundant genes could mask the influence of low abundance genes on samples ordination. 
Eight dominant bacterial phyla from the OTU dataset were selected and were individually 
tested with relative abundance using the three-way ANOVA Generalized Linear Model (GLM) to 
determine significant differences across plant species, sites, and seasons and if there is an 
interaction effect between the factors (plant species, sites, and seasons). The ANOVA with soil 
chemistry (soil pH, soil moisture, and organic matter) and root length was also performed for 
significant differences across plant species, sites, and seasons. Non-metric Multidimensional 
Scaling (NMDS) was ordinated on two dimensions to examine overall bacterial communities and 
the similarities across the study sites, plant species, and seasons using Bray-Curtis similarity 
index (i.e. beta diversity). Multiple regression analysis was also performed to determine if there 
are any correlations between environmental factors (elevation, water depth (presence/absence), 
pH, soil moisture, organic matter, and soil nutrients) and biotic parameters (plant species and 
root length) and abundance of dominant bacterial communities. In addition, an indicator analysis 
was tested to determine what top 10 OTUs were significantly associated with each plant species. 
ANOVA tests and multiple regression analysis were performed using MINITAB software 
(MINITAB Release 11.12) and other multivariate analyses, including NMDS and ANOSIM, 
were done using Primer 6 software (Version 6.1.6). 
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RESULTS 
Environmental parameters and root length 
In order to determine significant effects of season, site, and plant species, the ANOVA 
GLM was tested with soil chemistry (soil pH, soil moisture, and soil organic matter) and root 
length (Table 3). All sites and species had significant differences (ANOVA, p<0.001) in soil pH 
and soil moisture. Soil organic matter was only significantly different (p<0.05) in sites, while 
root length had significant difference across all seasons, sites, and species (p<0.05 or p<0.001). 
There were significant interactions (p<0.05 or p<0.001) between site and species in soil 
chemistry (soil pH, soil moisture, and soil organic matter), although other interactions between 
season and site and between season and species had no significant difference (p>0.05) in soil 
chemistry. Root length of plant species had no significant difference (p>0.05) at all interactions. 
Changes in soil pH of plant species, sites, and seasons are shown on Fig. 5. Soil pH of A. 
virginicus (mean pH: 6.66, SE: ± 0.09) was significantly higher (ANOVA, p<0.001) than that of 
either J. effusus (mean pH of 6.05 ± 0.10) or C. lurida (mean pH of 6.40 ± 0.10). Bramlett Pond 
(mean pH of 5.74 ± 0.112) had significantly lower soil pH, while soil pH was higher in Pond 5 
(mean pH of 6.62 ± 0.105) and PL (mean pH of 6.62 ± 0.112).  
Soil moisture (SM) was significantly higher (ANOVA, p<0.001) in J. effusus (mean SM 
of 37.19% ± 3.10) and C. lurida soils (mean SM of 35.57% ± 2.82) than in A. virginicus soil 
(mean SM of 19.01% ± 1.76). SM was higher in Pond 220 (mean SM of 29.88% ± 6.09), while 
Pond 5 (mean SM of 23.74% ± 1.54) had the lower SM (Figure 6). 
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Soil organic matter (OM) was significantly lower (ANOVA, p<0.05) in Pond 5 (mean 
OM of 5.12% ± 0.42) than in Bramlett Pond (mean OM of 10.09% ± 1.87) and Pond 220 (mean 
OM of 9.67% ± 2.70). However, there was no significant difference across plant species and 
seasons in soil organic matter (Figure 7).  
Root length (RL) was significantly longer (ANOVA, p<0.001) in C. lurida (mean RL of 
14.12cm ± 0.64) than in either A. virginicus (mean RL of 8.44cm ± 0.43) or J. effusus (mean RL 
of 9.83cm ± 0.45) while A. virginicus had shortest RL. RL was significantly longer in fall 
samples (mean RL of 11.88cm ± 0.88) than in summer sampling (mean RL of 9.95cm ± 0.85). 
Pond 220 (mean RL of 12.55cm ± 0.98) had longer RL, while PL (mean RL of 8.53cm ± 0.66) 
had shorter RL (Figure 8). 
 
Table 3. The ANOVA GLM to determine significant differences in soil chemistry (soil pH, soil 
moisture, and soil organic matter) and root length of plant species across seasons, sites, and 
species. Four seasons (SS): Summer 2014, Fall 2014, Winter 2015, and Spring 2015. Six sites 
(ST): Pond 220, Bramlett Pond, Pond 5, Pond 92, PL, and SL. Three species (SP): Juncus effusus, 
Carex lurida, and Andropogon virginicus.  p values indicate significant effects (p<0.05 or 
p<0.001), and ns means no significant effects (p>0.05). 
Source (DF) 
Soil pH 
(n=72) 
Soil moisture 
(n=72) 
Organic matter 
(n=72) 
Root length 
(n=720) 
SS (3) ns ns ns p<0.05 
ST (5) p<0.001 p<0.001 p<0.05 p<0.001 
SP (2) p<0.001 p<0.001 ns p<0.001 
SS x ST (15) ns ns ns ns 
SS x SP (6) ns ns ns ns 
ST x SP (10) p<0.05 p<0.001 p<0.05 ns 
SS x ST x SP (30) ns ns ns ns 
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Figure 5. Changes in soil pH of plant species, sites, and seasons in northern Mississippi, USA. 
n=72 indicating n=18 for each season, n= 24 for each species, and n=12 for each site (Error bars 
denote ± SEM.  * p < 0.05, *** p < 0.001, ns: no significance). JE (Juncus effusus), CL (Carex 
lurida), and AV (Andropogon virginicus). SM (August 2014), FA (November 2014), WT 
(February 2015), and SP (May 2015). 
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Figure 6. Changes in soil moisture of plant species, sites, and seasons in northern Mississippi, 
USA (n=72 indicating n=18 for each season, n= 24 for each species, and n=12 for each site). 
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Figure 7. Changes in soil organic matter of plant species, sites, and seasons in northern 
Mississippi, USA (n=72 indicating n=18 for each season, n= 24 for each species, and n=12 for 
each site). 
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Figure 8. Changes in root length of three plant species across sites and season in northern 
Mississippi, USA (n=720 with 10 replicates, indicating n=180 for each season, n= 240 for each 
species, and n=120 for each site). 
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Rhizosphere Bacterial Community Structure 
A total of 10,322,957 sequences from 216 samples (three plant species with three 
replicates at six sites for four seasons) were identified following Illumina 16S rRNA gene 
sequencing, with an average sequence length of 253 bp. The number of sequences was screened 
to obtain good sequences with 5,547,510, and 1,281,559 were identified as uniquely different 
sequences. After the improved sequences were aligned into the SILVA database, length of 
alignment was filtered with 611, and the number of column was removed with 12,814. Also, the 
length of aligned sequences was reduced and 1,217,564 were obtained without losing the 
sequences. Chimeras, leading to potential problems with classification, were detected with 
733,766 of unique sequences and 256,800 of total sequences from the good sequences. The 
number of potential chimeras was also eliminated, and 547,793 of unique sequences and 
5,290,710 of total sequences were obtained. The unique sequences (547,793) were then classified 
using the Greengenes database. Contaminated sequences, including mitochondria, chloroplasts, 
eukaryotic or archaea, and unknown sequences, were also removed from the total number of 
sequences. As a result, 5,124,545 of total sequences were obtained and grouped into 79,786 
OTUs at the 97% similarity. 
In the entire dataset, Proteobacteria (25.3% of sequence reads) were the most dominant 
bacterial phylum, followed by Planctomycetes (20.5%), Acidobacteria (8.6%), Chloroflexi 
(7.7%), Actinobacteria (5.8%), Verrucomicrobia (5.7%), Bacteroidetes (4.5%), Firmicutes (1.7%), 
other phyla (13.0%), and unclassified (7.2%). Abundances of the top 10 OTUs for three plant 
species are shown on Table 4. Four OTUs (OTU04, OTU05, OTU06, and OTU10) were 
classified to genera, five OTUs (OTU02, OTU03, OTU07, OTU08, and OTU09) were identified 
with families, and one OTU (OTU01) was only classified to a phylum.
  
Table 4. Abundances of the top 10 OTUs for three plant species. p values of plant species indicate significant effects of the OTUs on 
each plant. Parentheses of the top 10 OTUs indicate percentage of number of sequences of each OTU relative to total number of 
sequences. 
Top 10 OTUs (%) Bacterial phyla Families (F) or Genera (G) C. lurida J. effusus A. virginicus 
OTU01 (1.99) Acidobacteria Unclassified 38883 29729 33012 
OTU02 (1.30) Proteobacteria Bradyrhizobiaceae (F) 21664 16807 27254 
OTU03 (1.26) Acidobacteria Koribacteraceae (F) 22518 24787 17463 
OTU04 (0.97) Proteobacteria Rhodoplanes (G) 17040 15768 16509 
OTU05 (0.88) Proteobacteria Rhodoplanes (G) 17003 11919 15236 
OTU06 (0.84) Planctomycetes Planctomyces (G) 19624 (p=0.001) 15291 7599 
OTU07 (0.81) Verrucomicrobia Chthoniobacteraceae (F) 9725 8316 23416 (p<0.001) 
OTU08 (0.80) Chloroflexi Thermogemmatisporaceae (F) 19141(p=0.005) 16769 4368 
OTU09 (0.75) Verrucomicrobia Chthoniobacteraceae (F) 10198 10354 17754 (p<0.05) 
OTU10 (0.73) Verrucomicrobia Candidatus-Xiphinematobacter (G) 11135 9219 16375 (p<0.05) 
2
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A total of 5,110,294 valid sequences from 216 samples were used for both NMDS 
ordinations and the ANOSIM tests (Figure 9-11). NMDS ordinations on two dimensions showed 
similarities in rhizosphere bacterial communities across four seasons (Figure 9). ANOSIM was 
also tested for significantly different dissimilarities on bacterial community structure across 
seasons. Each season in NMDS ordinations was scattered without clusters and the clusters of 
points were not separated from other clusters. Bacterial communities were not significantly 
different between seasons (ANOSIM, p>0.05). 
NMDS ordinations on two dimensions also showed similarities in rhizosphere bacterial 
communities across six sites (Figure 10). Each site in NMDS ordinations was scattered with 
clusters, and the clusters of bacterial assemblages were clearly separated from the different sites. 
The overall ANOSIM was significant for a difference in bacterial community structure based on 
sites (ANOSIM, p=0.001 and R=0.302). All pairwise comparisons between sites were also 
significant in bacterial community structure (ANOSIM, p=0.001 and R=0.173 to 0.604). 
Bacterial communities associated with Bramlett Pond highly differed from those associated with 
Puskus Lake (R=0.604) and Pond 92 (R=0.516). Although bacterial communities between Pond 
92 and Sardis Lake (R=0.179) and between Pond 5 and Sardis Lake (R=0.173) had weaker 
dissimilarities, there were still significant differences on both groups (ANOSIM, p=0.001). 
NMDS ordinations on two dimensions indicated similarities in rhizosphere bacterial 
communities across three species (Figure 11). Bacterial assemblages of A. virginicus were 
separated from those of both J. effusus and C. lurida, while bacterial assemblages of both J. 
effusus and C. lurida were not separated from each other. Bacterial community structure 
associated with A. virginicus was significantly different from those of both J. effusus (ANOSIM, 
p=0.001) and C. lurida (p=0.001), which were similar (p=0.100). 
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Figure 9. NMDS ordinations showing similarities (Bray-Curtis similarity index) in rhizosphere 
bacterial communities across four seasons (2D stress=0.11). 
 
 
Figure 10. NMDS ordinations showing similarities in rhizosphere bacterial communities across 
six sites. 
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Figure 11. NMDS ordinations showing similarities in rhizosphere bacterial communities across 
three species. 
 
 
In order to determine any significant effects of season, site, and/or plant species, a three-
way ANOVA was tested with relative abundance of the dominant bacterial groups (Table 5). 
Relative abundance, which represents the proportion of sequence composition of each dominant 
phylum for each sample relative to the total number of sequences in all samples, was calculated 
using the number of sequences in each taxonomic unit from each sample. The ANOVA GLM 
was used as a binomial model after the proportions of each dominant phylum were logit-
transformed for normality due to unequal sample sizes (variances). 
All seasons, sites, and species had significant differences (p<0.05 or p<0.001) on 
Proteobacteria, Planctomycetes, Verrucomicrobia, Bacteroidetes, and Firmicutes phyla. However, 
season and site were significantly different on Acidobacteria (p<0.05 and p<0.001), and site and 
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species had significant differences on Chloroflexi (p<0.001 and p<0.005) and Actinobacteria 
(p<0.001). Among the dominant bacterial phyla, Planctomycetes (p<0.05), Chloroflexi (p<0.005), 
and Verrucomicrobia (p<0.05) had significant interactions between season and sites, and there 
were significant interactions between season and species on Proteobacteria (p<0.05) and 
Verrucomicrobia (p<0.05). Chloroflexi (p<0.05), Actinobacteria (p<0.05), Verrucomicrobia 
(p<0.005), Bacteroidetes (p<0.05), and Firmicutes (p<0.01) had significant interactions between 
site and species. Interestingly, only a Bacteroidetes phylum had significant interactions (p<0.05) 
on all three effects with season x site x species. 
       
  
Table 5. The ANOVA GLM to determine significant differences in the dominant bacterial phyla (using relative abundance) in 
rhizosphere soils of three plant species. The rhizosphere soils of three plant species were sampled from six sites across four seasons 
(SS). Three species (SP): JE, CL, and AV. Six sites (ST): Pond 220, Bramlett Pond, Pond 5, Pond 92, PL, and SL. Four seasons: 
Summer 2014, Fall 2014, Winter 2015, and Spring 2015.  P values indicate significant effects, and NS means no significant effects 
(p>0.05). 
 
Source (DF) Proteobacteria Planctomycetes Acidobacteria Chloroflexi Actinobacteria Verrucomicrobia Bacteroidetes Firmicutes 
SS (3) P<0.05 P<0.05 P<0.05 NS NS P<0.001 P<0.005 P<0.05 
ST (5) P<0.01 P<0.001 P<0.001 P<0.001 P<0.001 P<0.001 P<0.001 P<0.001 
SP (2) P<0.005 P<0.001 NS P<0.005 P<0.001 P<0.001 P<0.05 P<0.001 
SS x ST (15) NS P<0.05 NS P<0.005 NS P<0.05 NS NS 
SS x SP (6) P<0.05 NS NS NS NS P<0.05 NS NS 
ST x SP (10) NS NS NS P<0.05 P<0.005 P<0.05 P<0.05 P<0.01 
SS x ST x SP 
(30) 
NS NS NS NS NS NS P<0.05 NS 
 N=216 (three species and three replicates at six sites for four seasons) per each bacterial phylum 
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NMDS ordinations showed bacterial communities across four seasons through the 
abundance of OTUs excluding singleton and rare OTUs (Figure 12-15). To reduce the impact of 
rare OTUs, all community analyses were performed following the removal of OTUs that 
represented less than 10 % of total reads across all samples, as well as on the full dataset. Plant 
species were compared across seasons using the dominant OTUs (~ OTU4400) after eliminating 
the rare OTUs.  
In August 2014, NMDS ordinations on two dimensions showed similarities (Bray-Curtis 
similarity index) in dominant bacterial phyla associated with plant species sampled in summer 
(Figure 12). Dominant bacterial assemblages of A. virginicus were separated from those of both J. 
effusus and C. lurida, while dominant bacterial assemblages of J. effusus and C. lurida were not 
separated from each other. In pairwise comparisons, bacterial community structure associated 
with A. virginicus was significantly different from those associated with both J. effusus 
(ANOSIM, p=0.001, R=0.436) and C. lurida (p=0.001, R=0.517), which were similar (p=0.942). 
In November 2014, NMDS ordinations on two dimensions showed similarities in 
dominant bacterial phyla associated with plant species sampled in fall (Figure 13). Dominant 
bacterial assemblages of A. virginicus were separated from those of both J. effusus and C. lurida, 
while those of both J. effusus and C. lurida were ordinated close together. In pairwise 
comparisons, bacterial community structure associated with A. virginicus was significantly 
different from those associated with both J. effusus (ANOSIM, p=0.001, R=0.288) and C. lurida 
(p=0.001, R=0.288), which were not significant (p=0.292). 
In February 2015, NMDS ordinations on two dimensions showed similarities (Bray-
Curtis similarity index) in dominant bacterial phyla associated with plant species sampled in 
winter (Figure 14). Dominant bacterial assemblages of A. virginicus were separated from those 
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of both J. effusus and C. lurida, while dominant bacterial assemblages of J. effusus and C. lurida 
were not separated from each other. In pairwise comparisons, bacterial community structure 
associated with A. virginicus was significantly different from those associated with both J. 
effusus (ANOSIM, p=0.001, R=0.266) and C. lurida (p=0.005, R=0.165), which were similar 
with no significance (p=0.587). 
In May 2015, NMDS ordinations on two dimensions showed similarities (Bray-Curtis 
similarity index) in dominant bacterial phyla associated with plant species sampled in spring 
(Figure 15). Bacterial assemblages of A. virginicus were separated from those of both J. effusus 
and C. lurida, while dominant bacterial assemblages of J. effusus and C. lurida were ordinated 
close together. In pairwise comparisons, bacterial community structure associated with A. 
virginicus was significantly different from those associated with both J. effusus (ANOSIM, 
p=0.001, R=0.405) and C. lurida (p=0.005, R=0.357), which were not significant (p=0.185). 
 
  
 
Figure 12. NMDS ordinations showing similarities in dominant bacterial phyla sampled in 
summer 2014 (2D stress=0.11). 
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Figure 13. NMDS ordinations showing similarities in dominant bacterial phyla sampled in fall 
2014 (2D stress=0.1).  
 
 
 
Figure 14. NMDS ordinations showing similarities in dominant bacterial phyla sampled in 
winter 2015 (2D stress=0.11).  
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Figure 15. NMDS ordinations showing similarities in dominant bacterial phyla sampled in 
spring 2015 (2D stress=0.09).  
 
 
Plant species were compared specifically in each site using the dominant bacteria phyla 
(Figure 16-21). NMDS ordinations on two dimensions showed similarities (Bray-Curtis 
similarity index) in dominant bacterial phyla of plant species in Bramlett Pond (Figure 16). 
Bacterial communities of A. virginicus were separated from those of both J. effusus and C. lurida, 
while bacterial assemblages of J. effusus and C. lurida were not separated from each other. In 
pairwise comparisons, bacterial community structure associated with A. virginicus was 
significantly different from those associated with both J. effusus (ANOSIM, p=0.011, R=0.483) 
and C. lurida (p=0.001, R=0.184), which were not significant (p=0.084). 
NMDS ordinations on two dimensions showed similarities in dominant bacterial phyla of 
plant species in Pond 220 (Figure 17). Bacterial communities of A. virginicus were well-
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separated from those of both J. effusus and C. lurida, while bacterial assemblages of J. effusus 
and C. lurida were clustered together. In pairwise comparisons, bacterial community structure 
associated with A. virginicus was significantly different from those associated with both J. 
effusus (ANOSIM, p=0.011, R=0.882) and C. lurida (p=0.001, R=0.810), which had similar 
bacterial communities (p=0.334). 
NMDS ordinations on two dimensions showed similarities in dominant bacterial phyla of 
plant species in Pond 5 (Figure 18). Bacterial communities of A. virginicus were separated from 
those of both J. effusus and C. lurida, while bacterial assemblages of J. effusus and C. lurida 
were not separated from each other. In pairwise comparisons, bacterial community structure 
associated with A. virginicus was significantly different from those associated with both J. 
effusus (ANOSIM, p=0.011, R=0.585) and C. lurida (p=0.007, R=0.232), which were similar 
(p=0.118). 
NMDS ordinations on two dimensions showed similarities in dominant bacterial phyla of 
plant species in Pond 92 (Figure 19). Bacterial communities associated with three plant species 
were well-separated from one another and there were significant differences across species in 
bacterial assemblages (ANOSIM, p=0.001). In pairwise comparisons, bacterial communities 
associated with A. virginicus were significantly different from those associated with both J. 
effusus (p=0.001, R=0.979) and C. lurida (p=0.001, R=0.863), which were also significantly 
different (p=0.001), despite a weaker relationship (R=0.297). 
NMDS ordinations on two dimensions showed similarities in dominant bacterial phyla of 
plant species at Puskus Lake (Figure 20). Bacterial communities associated with three plant 
species were separated from one another and there were significant differences across species in 
bacterial assemblages (ANOSIM, p=0.001). In pairwise comparisons, bacterial assemblages 
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associated with A. virginicus were significantly different from those associated with both J. 
effusus (p=0.003, R=0.235) and C. lurida (p=0.003, R=0.319), which were also significantly 
different (p=0.035), despite a weaker relationship (R=0.134). 
NMDS ordinations on two dimensions showed similarities in dominant bacterial phyla of 
plant species at Sardis Lake (Figure 21). Bacterial communities of A. virginicus were separated 
from those of both J. effusus and C. lurida, while bacterial assemblages of J. effusus and C. 
lurida were clustered close together. In pairwise comparisons, bacterial community structure 
associated with A. virginicus was significantly different from those associated with both J. 
effusus (ANOSIM, p=0.001, R=0.656) and C. lurida (p=0.001, R=0.773), which were similar 
(p=0.393). 
 
 
 
Figure 16. NMDS ordinations showing similarities (Bray-Curtis similarity index) in dominant 
bacterial phyla of three plants in Bramlett Pond (2D stress=0.09).  
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Figure 17. NMDS ordinations showing similarities in dominant bacterial phyla of three plants in 
Pond 220 (2D stress=0.09).  
 
 
 
Figure 18. NMDS ordinations showing similarities in dominant bacterial phyla of three plants in 
Pond 5 (2D stress=0.13).  
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Figure 19. NMDS ordinations showing similarities in dominant bacterial phyla of three plants in 
Pond 92 (2D stress=0.10).  
 
 
 
Figure 20. NMDS ordinations showing similarities in dominant bacterial phyla of three plants at 
Puskus Lake (2D stress=0.13). 
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Figure 21. NMDS ordinations showing similarities in dominant bacterial phyla of three plants 
three plants at Sardis Lake (2D stress=0.05). 
 
 
Relationship between environmental variables and rhizosphere bacterial communities 
The relationships between the abundance of bacterial communities and other parameters 
(abiotic and biotic factors) were examined using a multiple regression analysis (Table 6). 
Bacterial communities had significantly and partially positive regression slopes against water 
depth (p=0.008) and root length (p=0.009), while there was a significantly negative correlation 
between bacterial communities and elevations. Values of the coefficient indicated that water 
depth (148.46) and root length (171.53) were more important in determining bacterial 
community structure than elevation (-30.91). However, bacterial communities were not 
influenced by other abiotic factors (pH, soil moisture, and organic matter) with no correlation 
from multiple regression models. 
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Table 6. Multiple regression analysis models between the abundance of bacterial communities 
and six abiotic and biotic factors. Only variables with significant t-statistics are shown. 
Dependant variable: The abundance of bacterial communities, N = 72 per each variable (3 
species at 6 sites for 4 seasons), r
2
 = 0.405, adj. r
2
 = 0.350. 
Variables Coefficient StDev t p 
 
Bacterial communities 
     
  Elevation -30.91 11.9 -2.60 0.012 
 
  Water depth 148.46 54.06 2.75 0.008 
 
  pH 572.5 447.4 1.28 0.205 
 
  Soil moisture 0.956 5.711 1.17 0.868 
 
  Organic matter -44.19 44.27 -1.00 0.322 
 
  Root length 171.53 63.71 2.69 0.009 
 
  DF SS MS F p 
Analysis of variance 
     
 Regression 6 120818753 20136459 7.37 0.000 
 Error  65 177523355 2731129 
  
 Total  71 298342108 
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DISCUSSION 
In this study, rhizosphere bacterial community structure associated with three plant 
species (Carex lurida, Juncus effusus, and Andropogon virginicus) was examined in different 
freshwater wetlands.  The species used for this study grow in different wetland areas, reported 
by Lichvar et al. (2014). Since three plants grew at six locations having different elevations and 
physical characteristics, soil chemistry (pH, SM, and OM) was significantly different across six 
sites and three species and had significant interaction between site and species. However, there is 
no interaction between treatments (season, site, and species), while root length of plant species 
differed in all of the treatments. Therefore, each site and plant species appear to be distinct in soil 
chemistry, although plant roots grow differently depending on species and sites between the 
growing and non-growing seasons. 
Overall, my results suggest that bacterial community diversity was generally different 
between plants and between sites, although there was no seasonal effect on bacterial community 
diversity. However, when the dominant six bacterial phyla were considered, there were seasonal 
differences in most dominant bacterial phyla (Proteobacteria, Planctomycetes, Acidobacteria, 
Verrucomicrobia, Bacteroidetes, and Firmicutes). This finding is consistent with previous studies 
that have shown plant and site-dependent community structure in the rhizosphere soil (Smalla et 
al. 2001, Costa et al. 2006, Rosenzweig et al. 2013). Several of these studies found the 
rhizosphere effect and plant-dependent diversity for bacterial communities and significant 
differences in rhizosphere bacterial community structure at different sampling sites (Costa et al. 
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2006, Rosenzweig et al. 2013). I found that all species had Proteobacteria as the most dominant 
bacterial phylum across seasons and sites, followed by Planctomycetes and Acidobacteria. Each 
plant species had different bacterial communities in rhizosphere soils, which appeared to be plant 
species dependent.  
Jackson et al. (2014) examined particle-associated bacterioplankton communities in the 
Lower Mississippi River. These authors found that the dominant bacterial phyla were 
Proteobacteria, Bacteroidetes, and Planctomycetes associated with particles in the Ohio, 
Tennessee, and Arkansas Rivers of the Lower Mississippi. The water flows from my sampling 
sites through the Tallahatchie-Yazoo River system, and drains into the Lower Mississippi River 
where the Ohio, Tennessee, and Arkansas Rivers also converge. Thus, my results correspond 
with Jackson et al.’s (2014) results, which show that all three phyla (Proteobacteria, 
Bacteroidetes, Planctomycetes) were found as dominant bacteria generated from rhizosphere 
samples in my sampling sites that are part of the headwaters of the Tallahatchie-Yazoo River 
system. The proportions of the dominant bacterial phyla found by Jackson et al (2014) are 
slightly different from those of my results possibly due to different drainage basins and land use 
characteristics. However, all the three phyla (Proteobacteria, Bacteroidetes, and Planctomycetes) 
were affiliated with the dominant bacteria from particle-associated and rhizosphere samples in 
the Lower Mississippi River Basin. 
While there were no significant differences in rhizosphere bacterial community structure 
across seasons, plant species and site had significant effects on the community structure. I 
initially expected that rhizosphere bacterial communities would differ across seasons, 
specifically between the growing season and non-growing season. It was assumed that plant 
species were likely to reduce their root exudates during the non-growing season (senescence), 
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resulting in less selection for species-specific bacterial communities during that period. In other 
words, rhizosphere bacterial communities of plant species were more dominant during the 
growing season due to root exudates highly selected by rhizosphere bacterial communities 
(Smalla et al. 2001). Kuske et al. (2002) also showed that soil bacterial communities were 
influenced by rhizosphere depth and that one of the most limiting resources was water present in 
their environments. I also found that bacterial community diversity differed according to their 
habitats, including water presence/absence, and root length of plant species. Therefore, plant 
species associated with root length and their niches were more important in determining 
rhizosphere bacterial communities than seasonal changes. 
Overall bacterial community structure associated with A. virginicus was consistently 
different from that associated with C. lurida and J. effusus across all season and sites. After a 
singleton and rare OTUs were eliminated, pairwise comparisons of dominant bacterial 
community structure between plant species in each season and site were also similar to those of 
the overall effect of the community structure across all season and sites. Bacterial communities 
of C. lurida were not different from that of J. effusus across all season and sites and even in each 
season and site. The results could be attributed to differences or similarities of their habitat 
conditions among three plants. Since the stands of C. lurida grow much closer to those of J. 
effusus, both species are sharing the same rhizosphere “space” leading to a greater similarity of 
rhizosphere bacterial communities. However, A. virginicus generally occurred further upland 
from both C. lurida and J. effusus, causing different bacterial communities between A. virginicus 
and C. lurida or J. effusus due to the different niches. 
Previous studies reported that rhizosphere bacterial communities are more influenced by 
different types of plant species and are different between the absence and presence of plants, 
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while soil moisture and pH may affect the bacterial communities in unvegetated soils, (Kuske et 
al. 2002, Menon et al. 2013, Chen et al. 2016). Xun et al. (2016) and Song et al. (2012) examined 
bacterial communities in unvegetated soils which were different from rhizosphere bacterial 
communities due to root exudates of plant species. Another study found that plant roots (root 
systems and types) led to a strong control on soil microbial community composition due to root 
colonization of ectomycorrhizal fungi (Brant et al. 2006). I also found that each plant species has 
different composition and diversity of rhizosphere bacterial communities which could be 
attributed to different secretions of plant species. This finding is consistent with other studies, 
reporting that each plant species was colonized by specific bacterial communities which are 
attracted by root exudates (Berg and Smalar 2009, Rosenzweig et al. 2013). 
The multiple regression analyses showed that bacterial community diversity had a strong 
correlation with elevation, water depth and present/absent, and root length of plant species. The 
result indicates that these factors have a much greater share of the responsibility for the variation 
in the abundance of bacterial communities than other abiotic factors: soil pH, soil moisture, and 
organic matter. However, less than 50% of variation in bacterial community diversity was 
explained by the combination of the variables used for the regression results. The remaining 
more than 50% of variation cases still remained unexplained by the combination of the variables, 
indicating that other factors may influence the bacterial community structure. Thus, future 
research is needed to address environmental evidence with more variables and plant species-
associated factors (i.e. root exudates) in order to determine change in rhizosphere bacterial 
communities. 
          This study suggests that rhizosphere bacterial communities are affected by different 
plants and sites. Although the community diversity is not different across seasons, I found some 
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impacts of season on most dominant bacterial phyla (six out of eight dominant phyla). Bacterial 
communities are correlated with site-specific environments and plant type associated with root 
length, while soil chemistry has no impact on change in rhizosphere bacterial community 
diversity. In the top 10 OTUs, Verrucomicrobia phylum (OTU07, OTU09, and OTU10) is 
associated with A. virginicus, while Planctomycetes (OTU06) and Chloroflexi (OTU08) phyla 
are associated with C. lurida. However, the top 10 OTUs are not associated with J. effusus. 
Rhizosphere bacterial communities of A. virginicus were significantly different from those of C. 
lurida and J. effusus across all sampling sites, while those of C. lurida showed high similarity to 
those of J. effusus. This finding is likely caused by the upland niche of A. virginicus, as opposed 
to the wetland niche of C. lurida and J. effusus. Therefore, plant species from two different 
niches had impacts on diversity and composition of rhizosphere bacterial communities.
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Appendix A. Soil characteristics and root length of three plants at six locations in summer 2014.  
JE (Juncus effusus), CL (Carex lurida), and AV (Andropogon virginicus) 
55 
 
Locations 
Plant 
species 
pH 
Soil moisture 
(%) 
Organic matter 
(%) 
Root length (cm)* 
Mean SE 
Bramlett 
Pond 
JE 5.74 60.88 22.22 9.50 1.38 
CL 5.93 45.74 13.95 8.90 1.29 
AV 5.85 8.39 11.25 9.08 0.89 
Pond 220 
JE 6.29 41.74 1.37 10.70 1.62 
CL 6.54 50.39 12.96 14.90 3.10 
AV 6.89 7.62 2.47 5.74 0.49 
Pond 5 
JE 5.95 24.08 6.25 9.38 1.87 
CL 6.87 21.19 3.08 14.72 1.61 
AV 6.67 12.38 4.49 5.80 0.51 
Pond 92 
JE 5.73 40.79 6.58 10.45 2.58 
CL 6.83 37.09 6.52 17.20 3.44 
AV 6.73 9.33 3.53 6.18 0.44 
Puskus 
Lake 
JE 7.02 16.17 2.00 7.14 0.46 
CL 7.03 16.54 5.26 13.56 2.63 
AV 7.06 24.33 9.84 5.20 1.16 
Sardis 
Lake 
JE 6.15 20.21 4.94 8.48 1.21 
CL 6.25 24.25 10.00 14.36 3.72 
AV 7.05 15.33 8.70 7.84 1.16 
* Mean root length (±SE n=180)
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Appendix B. Soil characteristics and root length of three plants at six locations in fall 2014.  
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Locations 
Plant 
species 
pH 
Soil moisture 
(%) 
Organic matter 
(%) 
Root length (cm)* 
Mean SE 
Bramlett 
Pond 
JE 5.43 51.19 12.12 13.80 2.99 
CL 5.61 67.50 19.70 16.70 2.11 
AV 6.20 11.46 3.51 9.08 0.89 
Pond 220 
JE 5.67 66.39 16.00 13.67 2.12 
CL 5.79 56.65 4.82 14.23 2.89 
AV 6.43 15.96 4.65 15.43 3.18 
Pond 5 
JE 7.00 25.76 6.35 7.32 0.64 
CL 6.95 26.26 3.03 11.70 1.47 
AV 7.02 29.38 5.88 8.36 0.81 
Pond 92 
JE 5.91 52.60 8.24 9.78 1.51 
CL 6.33 30.84 4.08 17.06 2.31 
AV 6.81 13.01 8.14 8.96 0.66 
Puskus 
Lake 
JE 6.18 19.89 7.53 8.05 0.41 
CL 6.49 21.92 4.82 9.28 1.32 
AV 6.84 22.84 5.00 8.93 1.20 
Sardis 
Lake 
JE 6.51 23.25 4.11 11.00 1.54 
CL 6.41 28.29 4.82 20.54 2.81 
AV 7.21 25.18 8.57 9.92 1.64 
* Mean root length (±SE n=180) 
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Appendix C. Soil characteristics and root length of three plants at six locations in winter 2015.  
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Locations 
Plant 
species 
pH 
Soil moisture 
(%) 
Organic matter 
(%) 
Root length (cm)* 
Mean SE 
Bramlett 
Pond 
JE 5.39 29.11 10.20 8.63 1.11 
CL 5.86 45.45 5.36 11.50 1.31 
AV 6.09 15.06 5.00 6.92 0.59 
Pond 220 
JE 5.97 61.42 11.90 10.60 1.83 
CL 6.79 58.37 13.04 17.86 1.39 
AV 5.88 16.09 4.55 11.17 1.03 
Pond 5 
JE 6.59 29.55 5.88 8.09 0.64 
CL 6.77 28.44 2.78 10.96 0.69 
AV 6.12 28.86 5.77 8.64 0.70 
Pond 92 
JE 5.92 44.64 7.27 8.86 1.01 
CL 6.66 34.68 5.00 13.35 0.74 
AV 7.00 17.69 11.39 7.77 0.79 
Puskus 
Lake 
JE 6.25 36.44 10.34 5.22 0.70 
CL 6.88 20.48 3.85 10.12 1.47 
AV 6.82 45.62 3.66 7.92 1.06 
Sardis 
Lake 
JE 5.76 35.63 2.82 10.27 0.87 
CL 5.95 24.08 7.41 16.50 2.28 
AV 7.17 25.86 5.49 6.67 0.64 
* Mean root length (±SE n=180) 
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Appendix D. Soil characteristics and root length of three plants at six locations in spring 2015.  
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Locations 
Plant 
species 
pH 
Soil moisture 
(%) 
Organic matter 
(%) 
Root length (cm)* 
Mean SE 
Bramlett 
Pond 
JE 4.88 51.05 7.95 7.78 1.03 
CL 5.60 46.21 17.31 12.20 1.26 
AV 6.35 8.65 2.17 10.35 0.91 
Pond 220 
JE 6.77 55.79 6.74 13.40 1.13 
CL 5.58 29.14 35.00 14.75 1.74 
AV 6.91 18.95 2.56 8.10 1.05 
Pond 5 
JE 6.39 20.63 5.41 11.67 1.70 
CL 6.88 19.42 7.32 14.10 1.32 
AV 6.24 18.91 5.21 8.64 0.99 
Pond 92 
JE 6.03 30.77 5.10 10.80 1.58 
CL 6.61 40.06 3.75 19.80 2.32 
AV 6.73 19.65 3.53 9.75 0.66 
Puskus 
Lake 
JE 5.88 21.23 6.86 8.63 0.97 
CL 6.65 44.25 5.68 10.50 0.87 
AV 6.31 24.38 6.02 7.80 0.94 
Sardis 
Lake 
JE 5.83 33.46 5.00 12.75 1.00 
CL 6.42 36.53 4.55 14.00 1.47 
AV 7.49 21.39 7.32 8.25 0.97 
* Mean root length (±SE n=180)
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